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Abstract: The catalytic efficiency of ribonucleases (RNases) is conventionally attributed to specific acid-base 
residues, metal cofactors, and conformational dynamics. Their apparent structural diversity may nevertheless 
reflect shared electrostatic principles that contribute to catalysis. In this review, we examine diverse RNase classes, 
including metal-independent, metal-dependent, and atypical toxin families, through the classic concept of 
electrostatic catalysis. Based on recent kinetic and thermodynamic data, such as heavy-atom kinetic isotope effects, 
substantial pKa shifts, and computational free energy profiles, we argue that RNase active sites can be understood 
as preorganized electrostatic environments that substantially contribute to catalysis. The protein scaffold rigidly 
positions a localized electric field to neutralize the accumulating negative charge of the pentacovalent phosphorane 
transition-state structure of the RNA substrate. Importantly, to avoid thermodynamic traps, natural RNases 
spatially segregate initial RNA recruitment from chemical catalysis. Extended cationic surfaces or accessory 
domains recruit the substrate by releasing its condensed counterions, driving an entropically favorable association. 
Decoupling long-range binding from transition-state stabilization allows these enzymes to optimize both affinity 
and turnover. These mechanisms may provide a conceptual framework for the rational design of artificial 
ribonucleases and compact, programmable biocatalysts for targeted RNA degradation. 
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1. Introduction 

Cellular RNA levels depend on a strict balance between transcription and degradation. Ribonucleases 
(RNases) control the latter half of this equation. They operate across diverse biological pathways, ranging from 
processing RNA precursors to monitoring transcript quality [1–6]. By accelerating the hydrolysis of chemically 
stable phosphodiester bonds by up to 1015-fold, RNases guarantee that dynamic RNA turnover and gene regulation 
proceed on biologically relevant timescales [7]. As outlined in Figure 1, they regulate gene expression, sense 
pathogenic RNA during innate immune responses [8–15], and have been exploited to develop precise tools for 
nucleic acid detection, molecular diagnosis, and targeted therapeutics [16,17]. For example, a promising RNA 
regulation strategy, ribonuclease-targeting chimeras (RIBOTACs), could recruit endogenous RNases L to 
eliminate specific disease-related microRNAs [18,19]. 

Given their important roles in cellular RNA metabolism and promising applications in therapeutic 
intervention, for more than half a century, scientists have devoted considerable effort to answering one central 
question: What are the molecular mechanisms underlying each class of RNases? A common way to classify RNase 
mechanisms is based on their cofactor requirements, generally divided into metal-independent (acid-base) and 
metal-dependent enzymes. The metal-independent class, represented by the RNase A and RNase T1 families, 
typically relies on precisely arranged histidine or glutamate, to execute general acid-base catalysis [20–22]. In the 
2′-O-transphosphorylation reaction, these RNases use a general base to activate the 2′-hydroxyl nucleophile and a 
general acid to protonate the 5′-leaving group, yielding a 2′,3′-cyclic phosphate intermediate and a 5′-hydroxyl 
product. The metal-dependent class, including RNase H and RNase III, commonly uses Mg2+ ions in the active 
site [23–25], coordinated by conserved acidic residues (e.g., the DEDD motif), to activate the nucleophile (often 
a water molecule) to drive RNA hydrolysis [26–28]. 
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Figure 1. Endogenous functions and biotechnological applications of ribonucleases. Regulation of gene expression: 
RNase III family enzymes (Drosha/Dicer) execute the sequential processing of precursor RNA transcripts into mature 
miRNAs for mRNA translational repression. Immune defense: RNase 6 cleaves internalized pathogenic RNAs to 
generate uridine-terminated breakdown products, which serve as essential ligands for TLR8 activation and the 
subsequent pro-inflammatory cascade. Nucleic acid manipulation: RNase H specifically degrades the RNA moiety 
within RNA:DNA hybrids, a property essential for reverse transcription and genome engineering. Molecular 
diagnostics: Programmable Cas13 effectors couple crRNA-guided target recognition to collateral RNA trans-cleavage, 
yielding an amplifiable fluorescent readout. RNA-targeted therapeutics: RIBOTACs act as proximity-inducing 
chimeras that harness endogenous RNase L to selectively cleave targeted pathogenic RNAs. 

While scientists have focused on the cofactor dependence and apparent structural fold diversity of RNases, 
modern biophysical and computational studies increasingly point to electrostatic preorganization as a fundamental 
physical mechanism of all enzymes [29–31]. Therefore, in this review, we re-evaluate ribonucleases, selectively 
integrating structural, kinetic, thermodynamic and computational studies to re-examine RNase catalysis from the 
perspective of electrostatic preorganization. Whether employing an oriented network of charged residues or 
recruiting divalent metal cations, RNases use their structural scaffolds to generate precise, oriented electric fields 
within their active sites [32]. These preorganized fields selectively stabilize the transition-state charge distribution 
relative to the ground state, thereby reducing the energetic penalty associated with solvent reorganization [33,34]. 
By elucidating the shared physical principles governing diverse RNases, we aim to better understand their 
functional evolution and guide the rational design of RNA-processing biocatalysts. 

2. Structural Scaffold for Electrostatic Preorganization and Transition-State Stabilization 

The transphosphorylation or hydrolysis of RNA proceeds via an associative pathway, forming a high-energy 
pentacovalent phosphorane transition-state structure [35]. Negative charge accumulates on the non-bridging 
phosphoryl oxygens. Catalytic efficiency requires lowering the activation free energy barrier by stabilizing this 
specific charge distribution more effectively than the ground state [33,36]. As shown in Figure 2a, in solution, 
water molecules must reorient their dipoles dynamically to accommodate the developing charge, paying a 
substantial thermodynamic cost. By contrast, ribonucleases utilize their three-dimensional structures to generate a 
preorganized electrostatic landscape to overcome this penalty [29]. The protein scaffold pre-positions polar groups 
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within the active site into a catalytically optimal geometry, to exert an oriented electric field [30,34], with the 
entropic cost compensated by the overall folding free energy. RNases thus provide a “pre-paid” electrostatic 
environment that minimizes reorganization energy. This principle of structural preorganization is observed across 
major classes of ribonucleases. 

 

Figure 2. Electrostatic preorganization and transition-state stabilization across diverse ribonucleases. (a) 
Thermodynamic and electrostatic basis of RNA cleavage. The free energy profiles compare the RNase-catalyzed 
(blue line) and uncatalyzed (red line) pathways, showing the reduced ∆G‡ between the reactant state (RS) and the 
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transition state (TS). Unlike bulk water, the preorganized active site provides complementary electrostatic 
stabilization to the pentacovalent phosphorus, minimizing the environmental reorganization penalty. (b–d) 
Mechanistic and electrostatic models for representative RNases. Each panel details the chemical mechanism (left), 
alongside the spatial orientation and local electrostatic potential of key residues in both RS (middle) and the TS 
(right). Structural figures were prepared using the PyMOL Molecular Graphics Systems, version 3.0.3 Schrodinger, 
LLC. (b) RNase A. The protein scaffold preorganizes the Lys41 side chain to form a hydrogen bond with the 
transition-state structure. (c) RNase H. A dynamic two-metal-ion motif drives catalysis. The metal ions undergo a 
cooperative contraction to neutralize the TS. (d) RelE toxin. Basic side chains mediate catalysis. Arg61 and Lys52 
are pre-positioned to stabilize the transient geometry of the TS. 

2.1. Electrostatics in the Context of Acid-Base Catalysis: The RNase A and T1 Families 

In classical metal-independent ribonucleases, the structural scaffold directly preorganizes a group of amino 
acid side chains to project a localized cationic electric field. In the case of RNase A, the active site cleft precisely 
positions the catalytic triad (His12, His119, and Lys41 in PDB: 7RAT) [20,37]. While His12 and His119 function 
as the classical acid-base pair, Lys41 plays an indispensable role in transition-state stabilization. During the 
catalytic step, Lys41 points its positively charged ε-amino group directly toward the scissile phosphate, thereby 
helping neutralize the accumulating negative charge [38–40] (Figure 2b). Both kinetic and structural data explicitly 
uncouple its role of exerting preorganized electric field from ground-state substrate binding. Previous kinetic 
studies indicate that, mutation of Lys41 to alanine reduces catalytic efficiency kcat/KM by 104-fold, while the change 
in the Michaelis constant (KM) is only 10-fold [7,41,42]. This demonstrates that the side chain geometry of Lys41 
is designed to maximize electrostatic interactions with the pentacovalent transition-state structure, instead of being 
a primary ground-state anchor. A structurally analogous strategy is also observed in the RNase T1 family, where 
its active-site structure ensures the guanidinium group of Arg77 remains rigidly oriented toward the scissile 
phosphate [22,43]. In these RNases, to drive RNA cleavage, protein acts as a structural scaffold to selectively 
lower the activation barrier, demonstrating how preorganized electrostatics operate synergistically with general 
acid-base catalysis. Despite the key role of electrostatics in RNase A and T1 families, we still need to emphasize 
that, electrostatic preorganization does not replace the classical acid-base mechanism, rather, it provides the 
essential energetic environment that tunes their effectiveness. 

2.2. The Metal Ion Scaffold: The RNase H and RNase III Families 

Instead of relying on basic amino acid side chains, metal-dependent ribonucleases, such as RNase H and 
RNase III families, use divalent metal cations, typically Mg2+, for electrostatic transition-state stabilization 
[23,25,44]. This class of RNases features a rigid anionic scaffold within their active site, such as the canonical 
DEDD motif in RNase H and the signature acidic cluster in RNase III [27]. They preorganize these acidic side 
chains into a specific coordination geometry that recruits two metal ions, Metal A and B, to generate a stronger 
electrostatic potential [45–48]. The electric field generated by this confined metal cluster is uncoupled from 
ground-state substrate binding, just like the role of Lys41 in RNase A. Previous kinetic studies reveal that, in E. 
coli RNase III, substituting the conserved Asp45 with alanine abolishes metal coordination and reduces its catalytic 
efficiency by approximately 30,000-fold. Yet, the capability of ground-state binding remains comparable to the 
wild-type enzyme (KD ~ 4.5 nM versus 3.9 nM) [49]. This confirms that, in structural scaffolds of metal-dependent 
RNases, the metal-induced electric field is generated to stabilize the transition-state structure, rather than to anchor 
the RNA substrate. Structural and computational studies further reveal how this structural design operates during 
catalysis. In RNase H, the protein structure directs a cooperative contraction, moving the two Mg2+ ions from a 
resting separation of ~4.2 Å to ~3.8 Å in the transition-state structure [28,45,50–52] (Figure 2c), effectively 
neutralizing the accumulating negative charge on it. To better stabilize transition-state structure, Ribonucleases 
such as RNase H1 can also recruit a transient third metal ion to specific sites, employing cation trafficking 
dynamically to rebuild the active-site electric field [23,53,54]. 

2.3. Atypical Ribonucleases: The RelE Toxin Family 

In contrast to classical metal-dependent and -independent RNase classes, an atypical RNase, RelE toxin 
family achieves electrostatic preorganization through an apparently different mechanism. Lacking obvious 
candidates for general acid-base catalysis or metal-binding acidic cluster [55], the RelE structural scaffold 
positions a cluster of basic residues (e.g., Arg61, Arg81, Lys52, Lys54 in PDB: 4V7K) around the scissile 
phosphate [56] (Figure 2d). Although RelE lacks the canonical acid-base pair found in RNase A-like enzymes, 
recent biochemical studies demonstrate that, in RelE structure, Arg81 and Lys54 experience a dramatic pKa shift 



Health Metab. 2026, 3(4), 4 https://doi.org/10.53941/hm.2026.100026  

5 of 13 

of ~4.8 and ~4.9, respectively, supporting a potential acid-base catalysis with Lys54 (pKa < 5.5) as the general 
base and Arg81 (pKa > 9) as the general acid. Similar to RNase A, another key residue within this preorganized 
cationic cluster, Arg61, functions primarily to stabilize the transition-state structure, rather than to anchor the 
ground-state RNA substrate. Under single-turnover conditions, substituting Arg61 with alanine reduces kcat by 2.7 
× 106-fold, yet the ground-state binding affinity remains comparable to the wild type (KD ~ 0.9 μM versus 3.2 μM). 
In addition, K52A shows a significant decrease of kcat by 2.1 × 103-fold with only 6-fold change of KD. By 
compressing basic amino acids into a highly localized region, RelE constructs a “pre-paid” electrostatic 
environment compensated by its overall folding energy. The resulting local electric field perturbs the chemical 
environment drastically to make substantial local pKa shifts. Overall, RelE is an atypical RNase, which uses an 
electrostatic transition-state stabilization mechanism that facilitated by general acid-base catalysis [57]. 

3. Kinetic and Thermodynamic Evidence of Electrostatics 

Validating structural models of electrostatic preorganization described above, it normally requires direct 
measurement of the transition-state charge distribution and the local electric fields. Recent advances in vibrational 
Stark effect (VSE) spectroscopy have provided direct experimental evidence of this concept. For example, VSE 
measurements on ketosteroid isomerase (KSI) demonstrate that, to drive catalysis, preorganized active-site 
structure of an enzyme can project local electric fields as large as ~144 MV/cm [30]. For ribonucleases, direct 
VSE probing of the scissile phosphate remains chemically challenging. However, recent advances in heavy-atom 
kinetic isotope effects (KIEs), phosphorothioate substitutions, and quantitative pH-rate analyses provide 
thermodynamic and kinetic parameters to test the electrostatic hypothesis [34,38,58]. They directly measure how 
the protein microenvironment alters local electrostatics, such as shifting the pKa of catalytic residues or reducing 
the activation free energy barrier (∆G‡), supporting that electrostatic catalysis appears to be a major physical 
contributor to RNA cleavage across several well-characterized ribonuclease families. 

3.1. Metal-Independent Ribonucleases 

For metal-independent ribonucleases, kinetic isotope effects provide the most direct information of the 
transition-state charge distribution. Recently, heavy-atom 18O KIEs on RNase A-catalyzed RNA cleavage indicate 
a late, associative transition-state structure, strongly supporting electrostatic preorganization effect from the 
enzyme [38]. KIEs are typically measured through competitive methods using a mixture of 16O- and 18O- labeled 
substrates, with the isotope effect expressed as the ratio of rate constants for the light and heavy isotopologues (18k 
= k16/k18). As depicted in Figure 3a, a looser transition-state bonding environment preferentially accelerates the 
light isotopologue, thus yielding a greater 18k. In the nonenzymatic solution 2′-O-transphosphorylation reaction of 
uridylyl-3′-guanosine (UpG), the leaving group KIE (18kLG) is large (1.034–1.037), suggesting that the 5′ O-P bond 
must be almost completely broken to reach the transition state. In contrast, in a RNase A-catalyzed reaction, the 
protein microenvironment significantly reduces 18kLG (1.014) while simultaneously maintaining an inverse 
nucleophile KIE (18kNUC < 1), indicating a more compact transition-state structure featuring advanced 2′ O-P bond 
formation and less advanced 5′ O-P bond cleavage. This compact geometry results in substantial negative charge 
accumulation onto the non-bridging phosphoryl oxygens, which is energetically unfavorable in bulk water. 
Molecular dynamics (MD) and quantum mechanical (QM) simulations also show that, preorganized electrostatic 
network within the RNase A active site stabilizes the negative charge of the transition-state structure effectively 
[38]. This cationic cleft also perturbs the microscopic pKa values of His12 and His119 to ~5.8 and ~6.2, 
respectively, optimizing their proton affinities for concerted general acid-base catalysis at physiological pH. 

3.2. Metal-Dependent Ribonucleases 

In metal-dependent RNases, the thermodynamic contribution of the preorganized electric field can be 
assessed through atomic substitution at the scissile phosphate and the corresponding change of free energy profiles. 
Sulfur substitution of oxygen disrupts Mg2+ coordination and weakens its hydrogen bond with water molecule, 
which causes a significant defect on localized electrostatic stabilization. Accordingly, in RNA cleavage reaction 
catalyzed by metal-dependent RNase, phosphorothioate modification makes a highly precise probe to map the 
electrostatic locus of the metal-ion catalyst at atomic resolution. For E. coli RNase H1, replacing the scissile 
phosphate oxygen with sulfur strictly abolishes catalytic RNA cleavage, an effect that can be chemically rescued 
by thiophilic metal ions like Mn2+ (Figure 3b). Moreover, replacing the pro-RP non-bridging oxygen immediately 
3′ to the scissile bond with sulfur reduces the catalytic turnover (kcat) by 86%, whereas pro-SP substitution has no 
such effect. This profound stereospecific activity difference demonstrates a strict kinetic requirement for a precise 
hydrogen-bonding network, at the correct position, to neutralize the developing negative charge [23,59]. Metal 



Health Metab. 2026, 3(4), 4 https://doi.org/10.53941/hm.2026.100026  

6 of 13 

substitution is another way of addressing the electrostatic function of metal-dependent RNases. As described in 
the section 2.2, in a RNase H-catalyzed reaction, to neutralize the pentacovalent transition-state structure, two 
Mg2+ ions experience a cooperative contraction. In addition, QM/MM studies show that the catalytic efficiency 
relies on the precise charge density and ionic radius of Mg2+ (~0.7 Å) [46]. Substituting single Mg2+ with a larger, 
but less polarizing Ca2+ (~1.0 Å) increases the free energy barrier ∆G‡ by ~50% (from ~17 kcal/mol to ~25 
kcal/mol for CaMg, ~24 kcal/mol for MgCa). The metal substitution abolishes RNA cleavage, but still maintains 
a nearly identical ground-state binding geometry, confirming that the two-metal motif functions as a highly 
geometrically restrictive and precisely tuned electrostatic environment for transition-state stabilization. 

 

Figure 3. Kinetic, thermodynamic, and computational evidence for electrostatic transition-state stabilization across 
diverse RNases. (a) Metal-independent RNases. KIEs indicate a compact, late associative transition-state structure 
featuring advanced 2′ O-P bond formation and less advanced 5′ O-P bond cleavage, which is effectively stabilized 
by the preorganized electrostatic network within the active site of RNase A (Left and right panels were adapted 
with permission for noncommercial use from Gu et al. [38]. Copyright 2013 by the authors. Transition-state 
structures in the middle were adapted with permission from Raines [42]. Copyright 1998 American Chemical 
Society). (b) Metal-dependent RNases. Probing the electrostatic contribution of the two-metal-ion scaffold in 
RNase H. Phosphorothioate modification of specific non-bridging oxygens at and immediately 3′ to the scissile 
phosphate disrupts the local electrostatic network, thereby severely affecting catalytic activity (left panel, adapted 
with permission from Abdur et al. [60]. Copyright 2014 International Union of Crystallography). Computed free 
energy profiles reveal that substituting the polarizing Mg2+ with Ca2+ increases the activation barrier by 50% (right 
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panel, adapted from Rosta et al. [46] under the terms of the ACS AuthorChoice License). (c) Atypical RNases. 
Kinetic data using sulfur-substituted mRNA substrates identify specific residues, such as Arg61, as primary 
contributors to neutralizing the developing negative charge (Adapted with permission from Dunican et al. [57]. 
Copyright 2015 American Chemical Society). 

3.3. Atypical Ribonucleases: The RelE Toxin Family 

RelE toxin lacks a canonical acid-base catalytic pair. Instead, abundant kinetic analyses support that its cationic 
active site accelerates RNA cleavage primarily through electrostatic transition-state stabilization [57]. Single-turnover 
kinetics show that substituting Arg61 or Arg81 with alanine reduces the cleavage rate by 2.7 × 106-fold and 6.0 × 
104-fold, respectively, without altering the ground-state binding affinity (KD ~ 0.8–3.0 μM) [55]. Same as in the metal-
dependent RNases, phosphorothioate substitution at scissile phosphate helps isolate the thermodynamic contribution 
of specific electrostatic contacts from RelE. In this case, substituting the non-bridging oxygen with a soft sulfur atom 
disrupts the pre-existing electrostatic network, the localized electric fields projected by cationic residues, thus 
mapping the exact spatial origin of electrostatic field at atomic resolution. Wild-type RelE exhibits a 900-fold thio-
effect for the SP stereoisomer, compared to the 39-fold effect for the Rp stereoisomer, suggesting its strong electrostatic 
dependence on the pro-SP non-bridging oxygen (Figure 3c). Interestingly, mutating Arg61 to alanine attenuates this 
SP thio-effect to 21-fold, serving a strong kinetic evidence that Arg61 side chain is the origin of the electric field 
stabilizing the transition-state structure [57]. Moreover, kinetic pH-rate profiling reveals the substantial 
thermodynamic consequences of this dense cationic microenvironment [58]. As described in section 2.3, the local 
electric field perturbs the pKa of the general acid and base, Arg81 and Lys54, by ~5 units from its unperturbed values. 
Through 5′-phosphorothiolate substitution of the bridging oxygen, the rate defect of the R81A mutant is efficiently 
rescued, confirming its specific role as the general acid in the chemical step. 

4. Electrostatics in Substrate Recognition and Binding 

In Sections 2 and 3, we described how ribonucleases accelerate the RNA cleavage through electrostatic 
preorganization and transition-state stabilization. Although preorganized active-site electric field lowers the 
chemical activation barrier, initial recruitment of polyanionic RNA from bulk solution is indeed another 
thermodynamic challenge. Taking advantage of electrostatics again, RNases overcome this by projecting long-
range positive electrostatic potentials for electrostatic steering, driving substrate association beyond the diffusion 
limit. To avert a thermodynamic trap that would otherwise increase the activation free energy, the ground-state 
binding affinity of the RNA substrate is precisely tuned. This necessitates spatial segregation of electrostatic 
functions for RNases: highly localized fields stabilize the pentacovalent transition-state structure, while distinct 
cationic surfaces or specialized accessory modules mediate initial ground-state recruitment. 

4.1. Extended Electrostatic Steering and Polyelectrolyte Interactions 

In the RNase A superfamily, substrate recruitment relies on an extended cationic cleft that is structurally 
distinct from the primary catalytic center [39]. In solution, the highly charged RNA polyanion is shielded by a 
dense atmosphere of counterions. Upon binding, the extended cationic surface of the RNase displaces this ionic 
cloud, releasing the counterions into bulk water to provide a massive entropic driving force for complex formation. 
This extended electrostatic effect is markedly amplified in divergent human RNase A homologs evolved for innate 
immunity, such as RNase 3 (ECP) and RNase 7 [61–65]. As shown in Figure 4a,b, human RNase 3 and RNase 7 
use an auxiliary Arg/Lys-rich cationic surface to mediate substrate binding, distinct from the catalytic center. 
Unlike RNase 3, which possesses an arginine-rich motif, RNase 7 uses a cluster of lysine side chains (an extreme 
+16 net charge) to generate a broad cationic surface that rapidly recruits and binds RNA polyanions. This 
evolutionary adaptation demonstrates that long-range Coulombic forces provide a major driving force for substrate 
recruitment, functioning as a ground-state anchor rather than a direct chemical activator. 

4.2. Electrostatic Readout of RNA Geometry: The RNase III Superfamily 

When processing highly structured RNA substrates like double-stranded RNA (dsRNA), RNases use 
accessory domains to “read out” specific charge topologies. The RNase III superfamily, including the eukaryotic 
microRNA processing enzymes Dicer and Drosha, employs double-stranded RNA-binding domains (dsRBDs) to 
detect the spatial distribution of 2′-hydroxyl dipoles and phosphate charges unique to A-form helices [24,66–69] 
(Figure 4c). As observed in yeast RNase III (Rnt1p), the RNase employs a double-ruler mechanism to ensure the 
precision of cleavage. The dsRBD1 and N-terminal domain dimer, working synergistically, measure the exact 
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distance (16 and 14 base pairs) from a terminal AGNN tetraloop down to the scissile phosphate (Figure 4d). 
Because this interaction relies on 3D structure and electrostatics rather than base-pairing sequence 
complementarity, the recruitment module functions as a stringent electrostatic filter: only substrates with the 
correct charge landscape are physically loaded into the catalytic valley for metal-ion-mediated cleavage. 

4.3. Terminal Charge Sensing and RNP Assembly: Exoribonuclease Xrn1 and RNase P 

To regulate RNA decay, an alternative electrostatic recruitment strategy involves the selective sensing of 
RNA terminal phosphorylation states. Much like the bacterial endoribonuclease RNase E and the bifunctional 
RNase J, the 5′-3′ mRNA exoribonuclease Xrn1 employs a spatially segregated, highly basic pocket to specifically 
recognize 5′-monophosphorylated mRNA substrates [47,70,71] (Figure 4e). Crystal structural data shows that this 
5′-monophosphate is anchored by a conserved cluster of basic residues (e.g., Lys93, Arg100, Arg101 in PDB: 
2Y35), which is physically uncoupled from the catalytic center. This specific 5′-monophosphate recognition 
selectively excludes RNAs with the 5′-triphosphate, thereby ensuring the fidelity of mRNA turnover [72,73]. In 
ribonucleoprotein (RNP) complexes such as bacterial RNase P, extended electrostatic recruitment is mediated by 
a protein cofactor (Figure 4f). While the catalytic RNA (P RNA) uses metal ions for catalytic reaction, the 
associated basic RnpA protein subunit directly contacts the pre-tRNA 5′-leader [3,74–76]. This protein-mediated 
electrostatic anchoring drives ground-state association, neutralizes the Coulombic repulsion between the 
polyanionic substrate and the ribozyme core, operating independently of the precise metal-dependent transition-
state stabilization within the RNA active site. 

 

Figure 4. Spatial segregation of electrostatic substrate recruitment and chemical catalysis. Global structures of 
representative ribonucleases and close-up views of distal electrostatic modules mediating ground-state RNA 
capture. A consistent color-coding scheme is used for all structural representations: RNA in red and the catalytic 
center as a yellow star. For electrostatic potential surfaces, positively and negatively charged regions are colored 
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blue and red, respectively (scale bar at the bottom right). (a) RNase 3 and (b) RNase 7. Broad cationic surfaces 
drive long-range electrostatic steering to anchor the substrate. (c) Drosha and (d) RNase III. Accessory domains 
and dsRBDs serve as electrostatic “rulers”, dictating precise cleavage registers by probing dsRNA charge 
topologies. (e) Xrn1. A spatially distinct basic pocket specifically locks onto the 5′-monophosphoate of mRNA 
substrates. (f) RNase P. The cationic RnpA protein subunit anchors the pre-tRNA 5′-leader for distal charge 
screening, structurally decoupled from the transition-state stabilization within the ribozyme core. 

5. Conclusions and Perspectives 

When surveyed across different RNase families, a unifying theme is that the catalytic proficiency of diverse 
ribonucleases fundamentally emerges from precisely tuned electrostatic environments. Rather than relying 
exclusively on the active site for target recognition, these enzymes use distal auxiliary surfaces or domains to 
exploit entropically favored counterion release, thereby driving robust ground-state substrate recruitment. Once 
the RNA is securely anchored, the preorganized catalytic core takes over to project a focused, intense electric field. 
Whether this local field is mediated by the acid-basic residue networks in RNase A and RelE, or by the precisely 
coordinated metal ions in RNase III and RNase H, it functions in concert with catalytic residues or metal ions to 
orchestrate nucleophile activation, neutralize the high-energy pentacovalent transition state, and facilitate leaving 
group departure. Ultimately, by topologically decoupling initial substrate binding from pKa perturbation and 
transition-state stabilization, RNases elegantly avoid the thermodynamic traps associated with ground-state over-
stabilization, thereby achieving rapid and efficient catalytic turnover. 

Translating our mechanistic understanding of natural ribonucleases into the rational design of artificial 
ribonucleases (aRNases) remains a formidable yet compelling challenge. As the field of RNA-targeted therapeutics 
expands, these engineered biocatalysts could offer a valuable complementary strategy to bacterial CRISPR-Cas 
systems, potentially mitigating concerns regarding their immunogenicity and collateral cleavage [16,77–81]. 
Inspired by the spatial segregation observed in nature, aRNases might be conceptually constructed through the 
asymmetric dimerization of canonical RNA-binding domains, like RNA recognition motifs (RRMs) or K 
homology (KH) domains. In this proposed architecture, one subunit functions as a sequence- or structure-specific 
ground-state anchor, allowing the other to project a localized catalytic electric field toward the scissile phosphate. 
By design, this division of labor aims to decouple substrate recruitment from chemical catalysis, preventing the 
enzyme from falling into the thermodynamic traps associated with ground-state over-stabilization. Nevertheless, 
generating a catalytically competent active site requires far more than the mere accumulation of basic amino acids 
within a synthetic pocket. Attaining biologically relevant enzymatic proficiency will likely depend on the precision 
of modern computational enzymology, including QM/MM and molecular dynamics, to rigidly pre-organize 
arginine, lysine, or histidine clusters. This tailored local field is required to sufficiently complement the transition-
state geometry to introduce the requisite pKa shifts and neutralize the accumulating negative charge during 5′ O-P 
bond scission. From a translational perspective, the compact nature of these artificial scaffolds may also offer 
distinct advantages for cellular delivery. Small, artificial scaffolds containing cationic patches may facilitate 
cellular association or uptake, although nonspecific binding, cytotoxicity, and delivery efficiency would require 
careful optimization [82,83]. By enriching these miniaturized proteins with extended cationic patches, aRNases 
might simultaneously exploit long-range electrostatic steering to locate target transcripts in the crowded cytosol 
and lower the kinetic barrier for potentially enhanced cellular entry. Ultimately, the evolution from describing 
natural ribonucleases to engineering programmable RNA-degrading biocatalysts represents a logical progression 
for the field, one that holds considerable but still preliminary promise for advancing synthetic biology and precision 
molecular medicine. 
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