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Abstract: Tyrosinase (TYR) is a type-3 copper enzyme that catalyzes the key 
steps of melanogenesis, namely the two-step oxidation of monophenols to 
catechols and their subsequent conversion into ortho-quinones. This catalytic 
activity underlies the biosynthesis of melanin pigments and links TYR to a broad 
spectrum of biological processes and human health conditions, from pigmentation 
disorders to melanoma. The binuclear copper center of TYR is highly conserved 
across species, with both coppers coordinated by three histidine residues. 
Nevertheless, variations in the access channel and in the second coordination 
sphere introduce important differences in substrate selectivity and activity 
control. Structural and mechanistic studies have greatly benefited from the use of 
so-called transition-state analogs (TSAs)—more accurately, stable mimics of 
catalytic intermediates in the two-step reaction. Classical examples such as kojic 
acid, tropolone, L-mimosine, and 2-hydroxypyridine N-oxide (HOPNO) have 
provided fundamental insights into TYR active site geometry, electron transfer, 
and ligand interactions. Derivatives embedding the HOPNO motif, either into 
aurone scaffolds or amino acid frameworks, have further highlighted the 
structural plasticity of the enzyme as well as the striking differences in inhibitor 
recognition across fungal, bacterial, and human TYRs. These findings underscore 
the importance of working with the appropriate enzymatic models when seeking 
biomedical applications. From a translational perspective, the design of selective 
TYR inhibitors remains a major challenge, particularly given the strong metal-
chelating properties of many TSA-like compounds and their potential off-target 
effects on other metalloenzymes. Embedding the HOPNO motif into amino acids 
or peptides represents a promising strategy to achieve selectivity while retaining 
high affinity. Finally, beyond the active site, recent evidence showing that 
mutations within the cysteine-rich domain can disrupt enzyme folding and abolish 
TYR activity suggests unexplored avenues for inhibition, broadening the horizon 
for both biomedical and cosmetic applications. 
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1. Introduction 

The enzymatic activity of tyrosinase (TYR) was first described in 1896 by the physiologist Gabriel Bertrand [1]. 
His pioneering studies on tyrosinase and laccases represent a milestone in modern enzymology, introducing the 
concept of metalloenzyme [2]. Bertrand demonstrated that TYR requires copper as an essential cofactor. Following 
more than fifty years of biochemical and physiological investigations, the first structural studies in the 1970s, 
employing spectroscopic and magnetic techniques, provided direct evidence for a binuclear copper site in 
tyrosinase [3–5]. Since then, TYRs have been recognized as type-3 copper enzymes, also referred to as coupled 
binuclear proteins, with an active site containing two closely spaced copper ions (3.6–3.9 Å apart), each 
coordinated by three histidine residues [6,7]. These copper ions cooperate to bind molecular oxygen and catalyze 
the oxidation of monophenols and ortho-diphenols (catechol), a hallmark of TYR enzymatic function (Figure 1a–c). 
In the met-form of type-3 copper enzymes (Figure 1d), the two Cu(II) ions are bridged by a hydroxido (or aquo) 
ligand, allowing magnetic coupling and stabilizing the binuclear site. 

 

Figure 1. General representation of the catalytic activities of copper-containing coupled binuclear proteins (a–c); 
along with the key active forms engaged in the catalytic cycle (d,e). 

Type-3 copper proteins bind and activate molecular oxygen for diverse functions: oxygen transport 
(hemocyanins), ortho-hydroxylation of phenols (tyrosinases and aurone synthases), and catechol oxidation 
(tyrosinases, aurone synthases and catechol oxidases). Hemocyanin (Hc), present in some arthropods and 
mollusks, carries molecular oxygen stabilized and rendered unreactive by the protein matrix [8]. TYRs occur 
widely in prokaryotes and eukaryotes (plants, arthropods, fungi and mammals) and are involved in pigmentation, 
wound healing, radioprotection, and innate immunity [9–12]. TYRs catalyze the direct oxidation of phenols to 
ortho-quinones (Figure 1a). Although the formation of catechols is rarely observed [13]—occuring only under 
specific, non-physiological conditions such as in borate buffer, where catechol is trapped as a non-oxidizable 
borate complex—TYR activity is generally described as consisting of two reactions: the ortho-hydroxylation of 
phenols to quinones (phenolase activity, EC 1.14.18.1) (Figure 1a), and the oxidation of catechols to ortho-
quinones (catecholase activity, EC 1.10.3.1) (Figure 1c). Aurone synthases (AUS) are plant TYR-like enzymes 
that transform chalcone derivatives into aurones, yellow flavonoids contributing to floral color and pollinator 
attraction, via ortho-hydroxylation and oxidative cyclization [14]. Catechol oxidases (CO), also in plants, oxidize 
catechols to highly reactive ortho-quinones without hydroxylation, leading to brown pigment polymerization in tissue 
browning and defense [15]. TYRs, AUSs, and COs are collectively classified as polyphenol oxidases (PPOs). 

As already mentioned, type-3 cuproproteins are iconic in bioinorganic chemistry, notably because the μ-η2:η2-
peroxido structure of their oxygenated form was first proposed by Kitajima using biomimetic complexes [16], years 
before the structure of oxy-hemocyanin was confirmed by Magnus via X-ray crystallography [17]. Since then, oxy-
tyrosinase crystal structures have validated this distinctive peroxido-bridged geometry (Figure 1e) [14,18,19]. 
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2. Melanin Biosynthesis 

In all organisms, TYRs play a central role in the biosynthesis of melanin, a high-molecular-weight, 
amorphous polymer formed through the oxidative polymerization of phenol. Melanins are ubiquitous protective 
pigments that shield cells across all organisms from harmful agents such as ultraviolet (UV) radiation, reactive 
oxygen species (ROS), and ionizing radiation. In radiotrophic fungi, melanin not only protects against γ-rays but 
also helps convert radiation into energy for growth. In invertebrates, melanin plays a key role in immune defense 
by encapsulating pathogens in a melanin shell and producing ROS to destroy them. Cephalopods also use melanin 
in ink as a defense against predators. Interestingly, some pathogens, such as Cryptococcus neoformans, use 
melanin to enhance their virulence, protecting themselves from the host immune system [20]. 

In mammals, various forms of melanin have been identified, including eumelanin [21], pheomelanin [22], 
and neuromelanin [23]. Neuromelanin is found in specific brain regions, such as the substantia nigra, where it is 
thought to contribute to neuronal protection. Eumelanin and pheomelanin are synthesized in melanosomes—
specialized organelles inside melanocyte cells, located in the basal layer of the epidermis [24,25]. Eumelanin, 
ranging in color from brown to black, exhibits a broad optical absorption spectrum that spans not only the entire 
visible range but also extends into the ultraviolet (UV) and infrared (IR) regions. In contrast, pheomelanin, which 
appears yellow to orange depending on its structure, has a more limited spectral range. The relative concentrations 
and ratios of eumelanin to pheomelanin determine the pigmentation of skin, hair, and eyes. Owing to its wide 
absorption spectrum, melanin plays a crucial photoprotective role, shielding the skin from harmful UV radiation 
and thereby reducing the risk of skin cancer. Beyond photoprotection, both eumelanin and pheomelanin contribute 
to cellular detoxification processes in melanocytes and keratinocytes, thanks to their capacity to bind metal ions 
and various chemical compounds (e.g., Ca, Zn, Cu, Fe, and orthoquinones) [26–28]. 

Although neuromelanin results from the oxidation of tyrosine, the specific involvement of TYR remains 
uncertain. Recent hypotheses suggest that tyrosine hydroxylase (TH), an iron-dependent enzyme that converts 
tyrosine into L-DOPA, may play a central role in this process. Conversely, TYR initiates the biosynthesis of both 
eumelanin and pheomelanin by catalyzing the oxidation of tyrosine into dopaquinone. From this common 
precursor, the pathways diverge to produce the two types of pigments. Pheomelanin synthesis proceeds through a 
series of non-enzymatic reactions, beginning with the nucleophilic addition of L-cysteinate to dopaquinone. This 
is followed by heterocyclization into a 1,4-benzothiazine intermediate and subsequent polymerization (Figure 2). 

Eumelanin is a heterogeneous copolymer composed of dihydroxyindole (DHI) and dihydroxyindole 
carboxylic acid (DHICA) units, derived from oxidative and decarboxylative steps catalyzed by TYR and the 
tyrosinase-related proteins TYRP1 and TYRP2 [29,30] (Figure 2). TYR, TYRP1, and TYRP2 exhibit ~40% amino 
acid sequence identity and ~70% overall similarity, supporting the hypothesis that they originated from a common 
ancestral gene through evolutionary divergence [29]. TYRP2, a zinc-containing enzyme, catalyzes DHICA 
formation [31], whereas TYRP1 was initially described as a copper-dependent catechol oxidase involved in the 
oxidation of DHI and DHICA [32]. However, the crystal structure of human TYRP1, resolved by Soler-López and 
Dijkstra et al. [33,34], unexpectedly revealed Zn(II) ions at the active site, ruling out its presumed oxidase function 
and leaving its physiological role ambiguous. Proposed functions include stabilization of TYR [35] or regulation of 
melanogenesis by favoring eumelanin over pheomelanin synthesis [32,36]. Whether TYRP1 can incorporate 
Cu(II) in vivo remains an open question, as ex vivo replacement of Zn(II) with Cu(II) partially restores catecholase 
activity [33]. 

Recent findings have broadened our understanding of metalation processes within the TYR family, revealing 
a more complex interplay between copper and zinc during melanogenesis. While TYR is unequivocally a copper-
dependent enzyme that acquires its cofactors in the trans-Golgi network through the copper transporter ATP7A [37], 
Wagatsuma and coworkers showed that zinc transporters ZNT5–6 and ZNT7 are required for proper TYRP1 
maturation and normal pigmentation in human melanocytes [38]. Inactivation of these transporters leads to 
hypopigmentation, decreased melanin content, and marked loss of TYRP1, while TYR and TYRP2 remain 
unaffected, demonstrating that zinc transport into the secretory pathway is essential for TYRP1 stability and 
metalation. Conversely, loss of the copper transporter ATP7A impairs TYR activity but does not affect TYRP1 
expression, underscoring the existence of distinct metal-insertion pathways: copper for TYR and zinc for 
TYRP1/TYRP2. Failure to incorporate zinc leads to TYRP1 misfolding and lysosomal degradation, linking 
metalation directly to enzyme trafficking and melanosome biogenesis [38]. Moreover, zinc availability can 
modulate TYR activity, as excess Zn(II) may compete with Cu(II) binding at the TYR active site [39], highlighting 
a finely tuned Cu–Zn homeostatic balance in melanocytes. 

Together, these findings redefine the metalation landscape of the TYR family: TYR is a classical copper 
enzyme, whereas TYRP1 and TYRP2 rely on zinc, integrating both metals as essential regulators of pigmentation 
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and melanocyte physiology. In this context, it is tempting to speculate that TYRP1 may catalyze a Lewis acid-
dependent reaction, such as dopachrome decarboxylation to DHI, previously considered non-enzymatic, similarly 
to TYRP2 (Figure 2). 

In summary, while TYRP2 has a well-defined role as a zinc-dependent enzyme in DHICA formation, the 
precise function of TYRP1 remains unresolved. The unexpected presence of Zn(II) in its active site has challenged 
long-standing assumptions about its oxidase activity, raising the possibility that TYRP1 fulfills alternative, perhaps 
regulatory or structural, roles in melanogenesis. Clarifying this ambiguity is essential, as it could reshape our 
understanding of eumelanin biosynthesis and the interplay between TYR family members. 

 

Figure 2. Human melanin biosynthesis from L-tyrosine (TYR, tyrosinase; TYRP1 and TYRP2, Tyrosinase Related 
Protein 1 and 2; TH, Tyrosine hydroxylase and AADC, aromatic amino acid decarboxylase). 

3. Structure of Tyrosinase 

The active site of TYR is structurally analogous to that of COs and Hc, whose 3D X-ray structures were 
solved earlier [40–44]. This relationship was definitively established in 2006, when Matoba et al. determined the 
crystal structure of recombinant TYR from Streptomyces castaneoglobisporus (ScTYR) [18]. The ScTYR was 
expressed as a precursor complexed with a small accessory protein known as the caddie (ScMelC1), which is 
essential for its maturation (Figure 3a). The caddie could promote copper ion incorporation into the ScTYR active 
site, as revealed by crystal structures of both metalated and metal-free forms [45]. Tyr98 of the caddie inserts into 
the catalytic pocket of ScTYR, mimicking a natural substrate, and is oxidized to a quinone, triggering release of 
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the active enzyme. Crystallographic studies captured various catalytic states (deoxy, met, and oxy) still bound to 
the caddie, illustrating its role in active-site stabilization (Table 1) [46]. 

Table 1. TYR 3D-structures known to date. Structures of the ScTYR active site showing: (a) the dicopper(I) deoxy-
form (PDB ID: 2ahl); (b) the dicopper(II) met1 form (PDB ID: 2zmx); (c) the dicopper(II) met2 form (PDB ID: 
2zmy) and (d) the dicopper(II) oxy-form (PDB ID: 1wx4) that are involved in the catalysis. Cu(I) are displayed as 
yellow balls and Cu(II) are displayed as blue balls. For consistency across TYRs, His in the first copper coordination 
sphere are designated by A or B (CuA/CuB site) and numbered 1–3 according to their order in the protein sequence.  

 

TYRs Organisms 

PDB ID for the Different Forms of TYR 

Cys-His (e) Ser (f) Ref. 

deoxy met1 met2 oxy 

 Bacteria        

ScTYR Streptomyces castaneoglobisporus 2ahl 2zmx 2zmy 1wx2, 1wx4 No Ser206 [18] 
BmTYR Bacillus megaterium - 3nm8 - - No No [47] 
VsTYR Verrucomicrobium Spinosum - 8bbq/8bbr - - No Ser274 [48] 

 Fungi        

AoTYR Aspergillus oryzae  - - 6juc Yes No [19,49] 
AbTYR Agaricus bisporus - 2y9w - - Yes No [50] 

 Plants        

JrTYR Juglans regia - 5ce9 - - Yes No [51] 

 Animals        

MsTYR Manduca sexta (Insect) - 3hhs - - No No [52] 

MjTYR Marsupenaeus japonicas 
(Arthropod) - 3wky  - - No No [53] 

(e) Cys–His refers to the thioether bond observed in several fungal and plant tyrosinases, but absent from bacterial and animal 
enzymes. (f) Ser denotes the presence of a conserved serine that stabilizes substrates through H-bonding. 

The ScTYR contains a binuclear CuA-CuB center housed within a rigid 4-helix bundle. Each copper ion is 
coordinated by three histidines: five are helix-bound (His38/HisA1, His63/HisA3 for CuA; His190/HisB1, His194/HisB2, 
His215/HisB3 for CuB), while the sixth, His54/HisA2 (CuA), is located on a flexible surface loop. This loop imparts 
conformational plasticity that (i) facilitates substrate ingress, (ii) optimizes reactant orientation, and (iii) 
accommodates rearrangements of the bridging ligand (H2O/OH−, μ-η2:η2-peroxido) during interconversion 
between the deoxy, met, and oxy states. Spectroscopic and kinetic analyses indicate that loop dynamics fine-tune 
the geometry and electronic properties of the copper centers, thereby influencing reactivity, substrate specificity, 
and stabilization of transient intermediates. In this architecture, the 4-helix bundle enforces geometric precision, 
while the loop serves as a dynamic gate keeper and electronic regulator. Crystallographic studies with the caddie 
protein reveal that the histidine ligand on the loop is positioned for conformational change, impacting both 
substrate access and active-site reorganization [18]. X-ray and spectroscopic data on substrate-bound TYR show 
copper-center shifts and peroxido-bridge reorientation during catalysis [19]. Molecular dynamics simulations 
further demonstrate that loop-borne histidines modulate Cu-N coordination distances, confirming a dynamic role 
in tuning catalytic reactivity [54]. 
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Figure 3. Structure of Streptomyces castaneoglobisporus (ScTYR, PDB ID: 2zmx) [18] (a) X-ray crystal structure 
of ScTYR with the caddie protein (ScMelC1) in green. The 4-helix bundle of ScTYR is colored in yellow, pink, 
blue, and orange. The loop with HisA2 is colored in violet. (b) Close-up view of the ScTYR active site, highlighting 
the histidine residues coordinating the copper centers, together with the π-π interaction stabilizing the caddie Tyr98 
with HisB2 (aromatic rings shaded in yellow), the H-bond involving Ser206, and the bridging O-atom linking the two 
copper ions. (c) Primary sequence of ScTYR, with histidines in helices and loops indicated. In the following 
sections, histidine residues are designated according to the copper site they coordinate (CuA or CuB), followed by 
a number corresponding to their order of appearance in the protein sequence. 

In fungal [49,50,55,56] and plant [51] TYRs characterized to date, the histidine HisA2 forms an unusual 
thioether bond with an adjacent cysteine residue. Although this post-translational modification does not markedly 
alter the geometry of the active site, its functional significance remains unresolved (Figure 4b). Proposed roles 
include stabilization of the dicopper center to facilitate electron transfer during catalysis [42], or participation in 
copper incorporation into apo-TYR [49]. In the insect Manduca sexta TYR (MsTYR) [52] and the arthropod 
Marsupenaeus japonicus TYR (MjTYR) [53], HisA2 is embedded within an α-helix, suggesting a structurally 
constrained environment that may influence its reactivity. 

 

Figure 4. (a) Post-translational modification observed in some fungal tyrosinases (e.g., AbTYR, PDB ID: 2y9w), 
involving a covalent cross-link between a histidine HisA2 ligand and an adjacent cysteine residue. (b) In bacterial 
met2-ScTYR active site (PDB ID: 2zmy) with the τ factor, which characterizes the geometry of penta-coordinated 
complexes, distinguishing between square-pyramidal (SP) and trigonal-bipyramidal (TBP) forms. This parameter 
is calculated as the difference between the two largest coordination angles around the metal center, divided by 60. 
A τ value of 1 corresponds to an ideal TBP geometry, whereas a value of 0 indicates a perfect SP geometry) for the 
two copper centers [57]. 
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Human TYR (HsTYR) is a membrane-bound glycoprotein primarily expressed in melanocytes. Like other 
type-3 copper proteins, HsTYR possesses a binuclear copper active site coordinated by six histidines, but it also 
contains an N-terminal cysteine-rich domain involved in disulfide bond formation, proper folding, and the 
stabilization of the active site environment [58]. This domain, together with extensive N-glycosylation and a C-
terminal transmembrane segment, distinguishes HsTYR from many soluble microbial TYRs, which often lack both 
the cysteine-rich region and membrane anchor. These structural differences impact enzyme stability, trafficking to 
melanosomes, and susceptibility to inhibitors, while also explaining why microbial TYR are more easily produced 
and crystallized for structural studies. To date, no high-resolution crystal structure of HsTYR is available [59]. 
Nonetheless, homology models of TYR-like subdomain of have been proposed based on the crystal structures of 
ScTYR and Ipomoea batatas catechol oxidase (IbCO) [60,61], as well as on the structure of the TYRP1 [33,34]. 
More recently, a structural model of HsTYR generated using the AlphaFold-based prediction tool [62] showed strong 
agreement with TYRP1 (Figure 5). 

 

Figure 5. Comparative structural features of human tyrosinase (HsTYR) and its homologues tyrosinase-related 
protein 1 (HsTYRP1) and 2 (HsTYRP2). (a) The crystal structure of tyrosinase-related protein 1 (HsTYRP1, PDB 
ID: 5m8l) serves as a structural reference [33]. (b) The AlphaFold-predicted model of apo-HsTYR (AF-P14679-
F1 model_v4) reveals the conserved 4-helix bundle that hosts the dicopper catalytic center. (c) The predicted 
histidine residues likely involved in copper binding are highlighted. (d) Domain maps of HsTYR, HsTYRP1, and 
HsTYRP2 illustrate their shared modular organization, including the signal peptide (SP), transmembrane segment 
(TM), and cytosolic tail (CD). Sequence comparisons show that these three proteins share ~40% identity and ~70% 
similarity, consistent with a common evolutionary origin. 

Only minor variations are observed in the first coordination spheres of TYR active sites, which are highly 
conserved and can be almost perfectly superimposed across species. Both copper centers share an identical first 
coordination sphere, each coordinated by three His residues, yet they are not strictly equivalent. In the met-form, 
the two copper(II) ions adopt distorted square-pyramidal (SP) geometries, as indicated by their τ values (CuA, τ = 
0.3; CuB, τ = 0.5; Figure 4b). The distortion is more pronounced at CuB, whose geometry lies between square-
pyramidal and trigonal-bipyramidal (TBP). However, TYRs differ in the structure of the access channel leading 
to the active site [9,11,63]. Certain residues, often referred to as activity controllers, such as asparagine or aspartic 
acid, are thought to participate in substrate deprotonation [64–66]. Other residues, termed gatekeepers, including 
bulky aromatics like phenylalanine or alanine, regulate substrate entry [67]. In some TYRs, the presence or absence 
of a serine residue further contributes to substrate stabilization (see below). 

In summary, despite strong conservation of the first coordination sphere, major inter-species differences 
concern the access channel and the second coordination sphere, where activity controllers (e.g., Asn/Asp), 
gatekeepers (bulky aromatics or Ala), or even a Ser residue shape substrate access and stabilization. Such 
differences reflect broader sequence divergence: fungal TYRs share only 22–24% identity with mammalian ones 
within regions of 48–49% coverage. Functionally, AbTYR is a soluble cytosolic heterodimer, whereas HsTYR is 
a membrane-anchored glycoprotein. 
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4. Tyrosinase Mechanism: From Structure to Function 

In its resting state, TYR predominantly exists (~85%) in the met1 form, characterized by a single μ-hydroxido 
ligand bridging the two Cu(II) ions, which are positioned approximately 3.2–4.0 Å apart. Recent QM/MM studies 
have suggested that a bridging aquo ligand (H2O) may be energetically more favorable than a hydroxide ion in this 
configuration [68]. Additionally, a distinct met2 form, featuring two bridging ligands (hydroxido or aquo), has 
been identified and structurally characterized in ScTYR [69]. X-ray absorption spectroscopy analyses by Bubacco 
et al. [70] further support the predominance of the met2 form in solution. The remaining ~15% of the TYR resting 
state corresponds to the oxy form, in which a μ-η2:η2-peroxido ligand bridges the two Cu(II) centers. 

The enzymatic mechanism of TYR remains a matter of debate due to the coexistence of two catalytic 
activities (phenolase and catecholase activities) operating within the same dinuclear copper active site. How a 
single site accommodates substrates of different oxidation states and orchestrates distinct pathways continues to 
raise fundamental mechanistic questions. To address this, two interconnected catalytic cycles have been proposed. 
The phenolase cycle describes the hydroxylation of monophenols into catechols, whereas the catecholase cycle 
accounts for the subsequent oxidation of these catechols into o-quinones. Functionally, while met-forms participate 
solely in the catecholase cycle, the oxy-form is competent in both the catecholase and phenolase cycles. Both 
catalytic pathways converge to the deoxy form, where the copper centers are formally in the Cu(I) oxidation state. 
This deoxy-form is then reoxidized by molecular oxygen to regenerate the active oxy species, thus completing the 
catalytic cycle (Figure 6). 

 

Figure 6. General mechanism for the phenolase and catecholase TYR activities and the putative forms of the copper 
catecholate intermediates. 

These two coupled catalytic cycles explain the activating effect of L-DOPA on phenolase activity. Kinetic 
studies reveal a lag phase that is shortened in the presence of L-DOPA [71], likely due to the reduction of met-
TYR to deoxy-TYR, the only catalytically active TYR species capable of oxidizing tyrosine. The situation is more 
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complex, however, as dopaquinone can undergo a redox exchange with L-leucodopachrome, formed 
spontaneously from dopaquinone [72]. This generates L-dopachrome, a eumelanin precursor, and regenerates L-

DOPA, reintroducing it into the catalytic cycle and complicating kinetic measurements by the presence of two 
TYR substrates (Figure 2). For this reason, many studies on TYR inhibition focus on catecholase activity with L-
DOPA as the substrate. 

Both cycles rely on different redox states of the active site (oxy, met, and deoxy) yet the precise sequence of 
electron and proton transfers, as well as the contribution of protein residues near the active site, remain unsettled. 
Kinetic, spectroscopic, and structural data obtained from various TYRs suggest that multiple mechanistic routes 
are plausible, raising the possibility that the enzyme adapts its strategy depending on subtle structural features, 
substrate identity, or even species-specific variations. 

Building on decades of structural, kinetic, spectroscopic, and theoretical studies, the TYR-catalyzed 
oxidation of phenols and catechols can now be rationalized by detailed and coherent mechanisms that integrate 
experimental evidence with theoretical predictions. This unified framework highlights the μ-η2:η2-peroxido species 
as the pivotal intermediate governing the TYR catalytic versatility. 

4.1. Phenolase Cycle 

Several X-ray structures of copper model complexes featuring μ-η2:η2-peroxido ligands have been reported 
[16,73,74], and their reactivity relevant to TYR has been extensively reviewed [75–83]. Karlin first demonstrated 
their electrophilic character [84], a property later confirmed for oxy-TYR by Itoh et al. [13] through kinetic 
studies identifying O-atom transfer via an electrophilic aromatic substitution (SEAr) as the rate-determining 
step of phenol hydroxylation. 

In the ortho-hydroxylation of phenols mediated by oxy-TYR, a key question remains: does the reaction 
proceed from phenol or from phenolate? In copper-catalyzed oxidation processes, numerous studies have shown 
that phenols undergo one-electron oxidation to form phenoxyl radicals, whereas phenolates preferentially undergo 
hydroxylation [85–93]. Although direct phenol reactivity within the protein environment cannot be fully ruled out, 
the prevailing view is that deprotonation occurs via a conserved glutamic acid residue positioned at the entrance 
of the active site. This residue, known as the water-keeper, cooperates with an asparagine to activate a bound 
water molecule, which in turn deprotonates the incoming substrate to generate the reactive phenolate [64–66]. 

Based on the involvement of the [μ-η2:η2-peroxido]CuII
2 species as the active oxidant and a deprotonated 

phenol, several mechanisms have been proposed for TYR catalysis, with early models suggesting phenolate 
binding at the CuA site of oxy-TYR. Considering the intrinsic protein plasticity of TYR revealed by X-ray 
crystallography, two pathways have been advanced that involve repositioning of the copper centers during 
catalysis. In both, substrate pre-orientation via a π-π interaction with HisB2 is a prerequisite, as supported by 
structural data from ScTYR-caddie [18], BmTYR with kojic acid [94], and TYRP1 in complex with L-mimosine, 
kojic acid, or tropolone [33]. Decker and Tuczek proposed that, following pre-orientation, the phenolate shifts 
toward CuA to form a copper-phenolate intermediate [95], whereas Itoh suggested an alternative mechanism 
involving CuA reorganization around a phenolate stabilized in the enzymatic pocket [19,49]. The latter pathway is 
supported by quasi-atomic resolution X-ray structures of AoTYR mutants, as well as copper-depleted and zinc-
substituted AoTYR variants, which demonstrate that CuA can shift toward the substrate tyrosine, enabling direct 
coordination of the phenolic O-atom, accompanied by a subtle displacement of CuB. Both mechanisms lead to 
phenolate binding to CuA site in trans position relative to HisA3 with a concomitant elongation of the HisA3-CuA 
distance. Phenolate binding impulses a 90° rotation of the O-O plan of the peroxido group towards the aromatic 
ring that weaken the peroxide O-O bond. This movement allows the peroxido σ* orbital to overlap with the π 
orbital of the phenolate ortho-position thus facilitating the electrophilic attack of the peroxide by the phenolate 
[78,95] (Figure 7). This process leads to the formation of a catecholate bridging the two copper centers. The 
structure of this catecholate that is not well defined could be a κ2-catecholate on CuA, or a μ-1,4-catecholate or the 
combination of both, i.e., η2:η1-catecholate (Figure 6). 

In this speculative context, two major developments have challenged the earliest proposals. The first concerns 
the nature of the copper-oxygen species responsible for TYR-catalyzed ortho-hydroxylation of phenols. Tolman 
et al. showed that the [μ-η2:η2-peroxido]CuII

2 species can interconvert with the [bis(μ-oxo)]CuIII
2 species [74], and 

a substantial body of literature reports that both are competent oxidants for phenolate hydroxylation, exhibiting 
reactivity patterns reminiscent of TYR [96–102]. Due to the challenges of performing spectroscopic measurements 
at very low temperatures (−140 °C), the [bis(μ-oxo)]CuIII

2 species has never been directly observed in the 
biological context of TYR catalysis. Nevertheless, an alternative mechanism has been proposed by Stack et al. 
[103,104] implicating the [bis(μ-oxo)]CuIII

2 species as the active oxidant (Figure 8). 
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Figure 7. Proposed mechanism for phenolate anion oxidation involving the [μ-η2:η2-peroxido]CuII2 intermediate 
as described by (a) Decker and Tuczek et al. [95] on ScTYR and (b) Itoh et al. on AoTYR [19] (OAT, Oxygen-
Atom Transfer). (c) Possible reaction pathways and the corresponding orbital interactions in which the O–O axis 
is oriented perpendicular to the aromatic ring plane of the phenol. 

 

Figure 8. Proposed mechanisms for phenolate anion oxidation involving the [bis(μ-oxo)]CuIII2 intermediate as 
described by Stack et al. [103,104] (OAT, Oxygen-Atom Transfer). 
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Recently, cryo-trapping combined with spectroscopic characterization of the catalytic ternary intermediate 
(enzyme/O2/monophenol), along with new kinetic studies supported by QM/MM calculations, has provided fresh 
insights that enabled Kipouros and Solomon et al. to revisit the O-atom transfer mechanism. These advances 
allowed Kipouros and Solomon et al. to revisit the mechanism of O-atom transfer. Their study suggests that the 
most likely pathway involves a radical-nucleophilic aromatic substitution (SRN1) initiated by hydrogen-bonding 
with the phenol (without deprotonation), followed by an H-atom transfer (HAT) to the μ-η2:η2-peroxido 
dicopper(II) core of oxy-TYR [105–109] (Figure 9). 

 

Figure 9. Proposed mechanism for phenol oxidation involving the [μ-η2:η2-peroxido]CuII2 intermediate as 
described by Kipouros, Solomon et al. [105–109] (HAT, Hydrogen-Atom Transfer; OAT, Oxygen-Atom Transfer). 

All four mechanisms are plausible and align with the kinetic and spectroscopic data reported by different 
groups. Rather than assuming a single universal pathway for all TYRs, it is important to consider structural 
differences beyond the conserved active site, particularly the accessibility of the catalytic center. TYRs with basic 
residues in the access channel may favor a mechanism involving a phenolate intermediate, while those lacking 
such residues likely proceed via the neutral phenol. In conclusion, the diversity of TYR and the structural nuances 
of their active sites make it clear that a single universal mechanism is unlikely. Instead, mechanistic pathways are 
likely tailored to the specific enzyme environment, reflecting the elegant adaptability of nature’s design. 

4.2. Catecholase Cycle 

Compared with the phenolase cycle, the catecholase catalytic pathway has received less attention. In this 
cycle (Figure 6), catechol interacts not only with the met-form of TYR but also with its oxy form. In the latter case, 
two alternative mechanisms can be envisioned, reminiscent of those proposed for phenol oxidation: (i) initial 
deprotonation of catechol by the protein followed by oxidation by the oxy form, or (ii) direct oxidation of the 
substrate without a preceding deprotonation step. Both pathways appear to be plausible (Figure 10). 

To gain deeper insights into the catalytic mechanism involving the met-form, particular attention can be given 
to so-called transition-state analogs (TSAs). These compounds are designed to mimic the catecholate intermediate 
without undergoing enzymatic oxidation. In this way, they serve a dual purpose: acting as precise probes to 
investigate the structural and mechanistic features of TYR, while also providing a foundation for the rational 
design of novel inhibitors. Representative TSAs include L-mimosine [110], kojic acid [111], tropolone [112], and 
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2-hydroxypyridine N-oxide (HOPNO) [113] (Figure 11). Studies with this set of compounds have yielded several 
informative 3D structures from various TYR sources. In the absence of a crystal structure of human TYR, TYRP1 
has been widely used as a model to elucidate TSA binding modes, providing valuable insights for inhibitor 
development. These structural studies have revealed a remarkable diversity of TSA binding modes, ranging from 
direct coordination to the metal center to indirect interactions mediated by bridging water molecules or surrounding 
residues, providing a detailed framework to understand TYR catalysis and to guide the design of selective inhibitors. 

 

Figure 10. Proposed mechanisms involving catechol as substrate. 

 

Figure 11. Transition-State Analogs (TSAs) targeting the TYR copper dinuclear active site; L-mimosine (Mim), 
kojic acid (KA), tropolone (Trop), and 2-hydroxypyridine N-oxide (HOPNO). 

Tropolone is a slow-binding, reversible inhibitor of AbTYR [112,114], for which the crystal structure of the 
deoxy-form was reported by Dijkstra et al. [50]. In this structure, tropolone occupies a large cavity without inducing 
conformational rearrangements of the protein. Because the O-atoms of tropolone are located more than 3.5 Å from 
the copper center, this binding mode has been interpreted as a pre-Michaelis complex that precedes molecular 
oxygen fixation (Figure 12). By contrast, the crystal structure of TYRP1 in complex with tropolone reveals a 
different binding mode, in which tropolone directly engages the binuclear Zn center [33]. Here, tropolone 
coordinates ZnA in a κ2 fashion through its keto and hydroxy groups, while also forming a π-π stacking interaction 
with HisB2 and a hydrogen bond with the highly conserved Ser394. This serine, conserved across most TYRs, plays 
a critical role in regulating access to the copper site. 

Comparable findings were reported for kojic acid in BmTYR. In the first structure described by Fishman 
et al. [47], kojic acid adopts an inverted orientation, positioned ~7 Å from the copper center, where it is anchored 
against the protein and clamped by residues Phe197, Pro201, Asn205, and Arg209 (Figure 13a). A more recent 
structure from the same group revealed an alternative binding mode, in which kojic acid is released from this initial 
clamp and reoriented toward the active site, although it remains indirectly bound to the copper center [94]. In this 
conformation, kojic acid is stabilized by a π-π interaction with HisB2 and a hydrogen bond with the water molecule 
bridging the two Cu(II) ions (Figure 13b). 

In the case of L-mimosine and kojic acid, TYRP1 exhibits a binding mode close to the B mode of kojic acid 
with BmTYR (Figure 14): neither inhibitor directly coordinates the Zn(II) ions. Instead, the O-atoms of the inhibitors 
form hydrogen bonds with the water molecule bridging the two Zn(II) ions. Additional stabilizing interactions are 
also observed, including π-stacking with HisB1 and hydrogen bonding of one O-atom with Ser394 [33]. 
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Figure 12. Tropolone (Trop) in interaction with (a) AbTYR active site (PDB ID: 2y9x) [50] and (b) showing the 
hydrophobic pocket above the active site where tropolone is stacked. 

 

Figure 13. BmTYR active site with kojic acid (a) positioned at the entrance of the active site (PDB ID: 3nq1) [47] 
and (b) oriented to the active site (PDB ID: 5i38) [94], showing in magenta residues Phe197, Pro201, Asn205, and 
Arg209, which clamp and release kojic acid prior to its interaction with the dicopper center. 

 

Figure 14. TYRP1 active site with (a) L-mimosine (PDB ID: 5m8n), (b) kojic acid (PDB ID: 5m8m) and (c) 
tropolone (PDB ID: 5m80) [33]. The π–π interactions between the inhibitors and HisB2 are highlighted by yellow 
shading of the aromatic rings. 

Taken together, the structural insights obtained from crystal structures of TSA-TYR complexes emphasize 
the remarkable diversity of binding modes that these molecules can adopt. Some TSAs coordinate directly to the 
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metal center, whereas others engage indirectly through bridging water molecules or neighboring residues. This 
variability not only reflects the structural plasticity of the active site but also offers valuable guidance for the 
rational design of selective TYR inhibitors with biomedical and cosmetic applications. However, alternative 
binding modes may arise in solution, as demonstrated for kojic acid in Streptomyces antibioticus TYR (SaTYR). 

Studies combining ESEEM [115], HYSCORE [116], and XAS [70] with MXAN simulations [117] revealed 
unexpected aspects of TSA binding to TYRs. Bubacco et al. found that kojic acid binds to CuB rather than CuA, 
contrary to prior structural hypotheses, adopting an η2:η1 coordination mode with one O-atom axially coordinated 
and the other bridging the two copper ions (Figure 15a). This mode was independently confirmed by Belle et al. 
using a binuclear [BPMP]CuII

2OH complex as a model of TYR phenolase activity, with X-ray diffraction 
demonstrating the same η2:η1 coordination [118] (Figure 15b). Complementary QM/MM simulations by Jamet et 
al. [118], based on the ScTYR structure (82% sequence identity with SaTYR), showed that kojic acid preferentially 
forms a bidentate interaction at CuA; when initially at CuB, the ligand decoordinates and reorients toward CuA, 
maintaining π-stacking with HisB2 and H-bonding with Ser206, yielding a penta-coordinated CuA ion (Figure 15b). 

 

Figure 15. Kojic acid bound to a binuclear copper center, (a) SaTYR-KA adduct according to X-ray absorption 
spectroscopy studies [70]; (b) QM/MM dynamics simulations for ScTYR-KA adduct [118]. 

The case of HOPNO further illustrates the dynamic nature of TSA binding. Preliminary XAS studies with 
SaTYR revealed significant XANES changes upon addition of HOPNO, indicating a rearrangement around the 
Cu(II) coordination sphere [119]. While kojic acid produces a similar effect, distinct spectral features suggest that 
HOPNO and kojic acid engage the copper center via different binding modes. Together, these complementary 
experimental and computational approaches underscore both the structural plasticity of the binuclear site and the 
ligand-dependent behavior of TSAs in TYRs. 

A key determinant in the formation of the TSA adduct with TYR may lie in the structural inequivalence of 
the CuA and CuB sites. As reflected by their τ factor [57], both copper centers adopt distorted SP geometries; 
however, the distortion is more pronounced at CuB, which exhibits intermediate features between SP and TBP 
(CuA, τ = 0.3 vs. CuB, τ = 0.5; Figure 4b). This asymmetry likely modulates the electronic distribution and 
accessibility of the two copper centers, thereby influencing their relative reactivity. Such differential contributions 
of the two copper sites may be critical for substrate positioning, transition-state stabilization, and ultimately for 
governing the selectivity of the enzymatic reaction. 

Supporting these observations, the complexation of HOPNO with various model complexes of the TYR active 
site, which exhibit similar distortions, has been investigated. For instance, in the model complex [BPMP]CuII

2OH, 
one Cu(II) adopts a pure TBP geometry, whereas the other shows a distorted SP geometry (τ = 1 vs. 0.36). Using this 
complex, a kojic acid adduct in an η2:η1-KA coordination mode was observed (Figure 16a) [118], whereas HOPNO 
bound exclusively to one of the two copper ions in a κ2-OPNO coordination mode (Figure 16b) [113]. 

The degree of distortion can be tuned by the size of the metallacycle in the chelate ligands around the Cu(II) 
ions, which depends on the number of CH2 groups (methano vs. ethano bridge) linking the N-tertiary amine to the 
pyridine ring. By varying the linker length, two additional complexes based on [BPMP]CuII

2OH, namely 
[BPMEP]CuII

2OH and [BPEP]CuII
2OH (Figure 16c,d), were studied. Each yielded distinct HOPNO adducts: with 

[BPMEP]CuII
2OH, HOPNO binds in an η2:η1-OPNO mode [120], whereas with [BPEP]CuII

2OH, the adduct adopts 
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a μ-1,4-OPNO coordination mode [121]. These results highlight the variability of inhibitor binding to a dinuclear 
copper center and underscore the challenges in generalizing TSA inhibitor behavior across different systems 
(Figure 16). 

 

Figure 16. Distinct coordination modes of the KA (yellow) and OPNO (magenta) ligands on dicopper(II) model 
complexes. 

QM/MM dynamic calculations have been carried out based on the three OPNO binding modes observed in 
model complexes. Starting from these geometries, the systems converged to two predominant structures: a μ-1,4-
OPNO adduct and, ~10 kcal/mol lower in energy, a κ1-OPNO monodentate adduct stabilized by a hydrogen bond 
with Ser206 (Figure 17). Simulations of the XANES spectra using the MXAN software [117] support the 
coexistence of these two species in solution. Altogether, these results strongly suggest a dynamic binding behavior 
of the OPNO ligand within the TYR active site, with several adducts, most notably the κ1-OPNO and μ-1,4-OPNO 
species, likely existing in equilibrium. 

 

Figure 17. The two minimized structures (a) the κ1-OPNO adduct and (b) the μ-1,4-OPNO adduct [119]. 
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Taken together, the structural studies of TSA-TYR complexes reveal the diversity of binding modes that 
transition state analogs can adopt within the active site. While some TSAs establish direct interactions with the 
dinuclear copper center, others engage indirectly through bridging water molecules or neighboring residues. Such 
variability emphasizes the inherent structural plasticity of the active site and provides critical insights for the 
rational design of selective TYR inhibitors with potential biomedical and cosmetic applications (vide infra). 
Furthermore, these data also support plausible mechanistic scenarios for catechol oxidation.  

Based on the structural data of TSA-TYR complexes from various sources, a plausible scenario can be 
proposed to explain catecholase activity starting from the met-form (Figure 18). Several crystallographic studies 
describe states in which the substrate or inhibitor is not directly coordinated to the copper ions but instead 
positioned close to the dinuclear center, stabilized by a π-π interaction with HisB2 and a network of hydrogen bonds 
involving the hydroxido (aqua) bridge and, when present, a serine residue. Given that the pKa of catechol (~9) is 
lower than that of phenol (~10), deprotonation upon entry into the active site is favored, however, the possible 
contribution of the protonated species cannot be entirely ruled out. Such an arrangement can be regarded as a pre-
catalytic state preceding electron transfer from catechol to the copper centers. Nevertheless, owing to the structural 
plasticity of TYRs highlighted for instance by the XAS study with HOPNO, this pre-catalytic state may evolve 
toward binding modes in which catechol coordinates directly to the copper ions, from which the two-electron 
transfer is triggered. The equilibrium between these binding states is likely dictated by the local protein 
environment surrounding the catalytic center. Importantly, electron transfer directly from pre-catalytic forms 
cannot be excluded. 

 

Figure 18. Proposed mechanisms for the oxidation of catechol by the met-form of TYR. 

Structural data from TSA-TYR complexes with QM/MM simulations suggest that catechol oxidation can 
proceed through different substrate binding modes. Substrates may first adopt pre-catalytic states, stabilized near 
the dinuclear copper center by π-π and hydrogen-bonding interactions, before evolving into configurations where 
catechol directly coordinates the coppers. Electron transfer can thus occur either from these pre-catalytic states or 
from copper-bound species, with the balance between forms strongly influenced by the local protein environment. 

5. Tyrosinase Inhibition: A Human Health Perspective 

Given its essential role in melanogenesis, TYR has emerged as a major therapeutic and cosmetic target. Its 
abnormal regulation contributes to a wide spectrum of pigmentary disorders, ranging from hypopigmentation, seen 
in albinism and vitiligo, to hyperpigmentation, including melasma and solar lentigo [122–124]. Furthermore, 
altered TYR function has also been linked to melanoma, the most aggressive and deadliest skin cancer, with a 
mortality rate of 20–25%. In 2022, melanoma ranked 17th among cancers worldwide, with more than 331,000 
new cases and nearly 59,000 deaths reported [125]. Indeed, during tumorigenesis, TYR is overexpressed [126,127] 
and serves as a sensitive biomarker for melanoma [128,129], Elevated melanogenesis in tumors reduces the 
efficacy of chemo- and radiotherapy, shortening survival in metastatic disease. Accordingly, TYR inhibition has 
emerged as a rational therapeutic strategy [130,131]. TYR-targeted DNA vaccines, frequently administered with 
immune-stimulating adjuvants, offer improved stability and fewer adverse effects compared with conventional 
vaccines [132–135]. Moreover, melanin secreted by melanoma cells modulates the tumor microenvironment and 
stimulates angiogenesis [136], providing further rationale for the selective inhibition of TYR and its related 
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proteins (TYRP1/2) as an adjuvant approach to improve immunotherapy, radiotherapy, and chemotherapy 
outcomes [137]. 

Beyond melanoma, modulation of TYR is also central in dermatology and cosmetics, particularly in the 
context of skin lightening. While inhibitors such as hydroquinone and kojic acid are clinically useful for treating 
hyperpigmentation disorders [138,139], their widespread non-therapeutic use has raised major public health 
concerns [140]. Prolonged exposure to hydroquinone can cause irreversible skin damage and increased cancer risk 
[141], while mercury, frequently detected in whitening creams, poses systemic risks such as nephrotoxicity and 
neurotoxicity [142]. These issues highlight the urgent need for safer TYR modulators and stricter regulatory 
frameworks to protect populations from the harmful effects of illicit or toxic skin-whitening products. 

Because inhibition of TYR is a well-established approach to control in vivo melanin production, the 
development of inhibitors has a significant economic and industrial impact in medicine, cosmetics and in 
agriculture, where it reduces the browning of fruits and vegetables [143]. This impact is reflected by the increasing 
number of recent reviews on TYR inhibitors [144–146]. A large part of this literature is devoted to naturally 
occurring compounds such as flavonoids and polyphenolic compounds [147], triterpenes, alkaloids as well as 
mixture extracts from plants [148–150] and peptides [151]. To date, most inhibitors reported in the literature have 
been evaluated using AbTYR, the only commercially available TYR. While this enzyme is convenient for 
screening, its fungal origin makes the results poorly representative of HsTYR, thereby limiting biomedical and 
cosmetic relevance. As with other therapeutic targets, screening nature’s chemical diversity is expected to yield 
new HsTYR inhibitors with biomedical and cosmetic potential. 

One effective strategy for selectively TYR inhibition is targeting its unique binuclear copper active site, which 
is absent in other human metalloenzymes. Indeed, metal chelators are particularly efficient for this goal [152]. Among 
reported TYR inhibitors, phenylthiourea [153], thiosemicarbazones [154] and resorcinol derivatives [155] are potent 
and exploitable for human health applications. Structural and computational studies of TYR with substrates and 
TSAs have revealed catalytic mechanisms and its active-site plasticity, providing a solid foundation for designing 
selective inhibitors. L-mimosine, kojic acid, and HOPNO are the best-characterized TSAs, offering invaluable 
insights into the enzyme’s active site geometry and the modes of ligand interaction. 

These TSA inhibitors have been evaluated across three sources of TYR: fungus (AbTYR), bacterial (SaTYR) 
and human (HsTYR). As expected, they behave as competitive inhibitors of the substrate L-DOPA (Table 2). Kojic 
acid behaves as a mixed inhibitor of HsTYR, with a much lower competitive (Ki

c) than uncompetitive (Ki
uc) 

component. These inhibitory properties reveal significant inter-species differences, with AbTYR generally 
showing stronger inhibition. However, L-mimosine is the most effective inhibitor of HsTYR, with comparable 
inhibitory properties for the fungal and the human TYRs. 

Table 2. Inhibition constant for selected TSA compounds (Kic, competitive vs. Kiuc uncompetitive inhibition). 

TSAs AbTYR SaTYR HsTYR 
Mim Ki

c = 8 μM [110] Ki
c = 54 μM [156] Ki

c = 10.3 μM [156] 
KA Ki

c = 4.3 μM [157] Ki
c = 109 μM [156] Ki

c = 350 and Ki
uc = 730 μM [156] 

HOPNO Ki
c = 1.8 μM [113] Ki

c = 7.7 μM [121] Ki
c = 128 μM [158] 

Kojic acid, L-mimosine, and particularly HOPNO are potent metal chelators, comparable in strength to 
hydroxamic acids [152]. This strong chelating capacity suggests that, under physiological conditions, these 
molecules may not act exclusively on TYR but could also interact with other metalloenzymes, such as zinc 
metalloproteinases, histone deacetylases (HDACs), or non-heme iron enzymes. Such potential off-target effects 
highlight both the challenges of achieving selectivity in TYR inhibition and the importance of carefully evaluating 
the broader metalloproteome when developing TSA-based inhibitors. 

Recent strategies for selective TYR inhibition combine precision binding at the binuclear copper active site 
with interactions in the access channel. TSAs serve as ideal pharmacophores for this purpose. For example, 
structural studies of kojic acid bound to BmTYR revealed dual binding at the copper center and access channel, 
prompting the development of ditopic inhibitors. While these compounds showed only modest gains in potency and 
limited inter-species selectivity, they provided valuable insights into multi-site inhibition (Figure 19) [159,160]. 

In parallel, naturally occurring aurones have also attracted interest as TYR inhibitors [147,161,162]. 
Although some act as alternative substrates [163], their strong enzyme affinity makes them excellent motifs for 
TSA-based scaffolds [163,164]. HOPNO-embedded aurone derivatives, both chelation and access channel 
interactions, demonstrating enhanced inhibitory potential [158,165,166]. They were evaluated against mammalian 
(HsTYR), bacterial (SaTYR), and fungal (AbTYR) tyrosinases (Table 3). All compounds displayed stronger 
inhibition than the parent HOPNO, although the effect was modest for AbTYR. Interestingly, while SaTYR 
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showed similar Ki
c values (~0.1 µM) across all three derivatives, HsTYR inhibition varied substantially, ranging 

from 0.35 µM (HOPNO-Au-4-OH) to 1.23 µM (HOPNO-Au-2,4-diOH). These findings clearly highlight that the 
potency of TYR inhibitors is strongly dependent on enzyme source, emphasizing the need to consider species-
specific differences in the rational design of effective TYR-targeted compounds. 

 

Figure 19. Examples of ditopic inhibitors based on kojic acid. 

Table 3. Competitive (Kᵢᶜ) and uncompetitive (Kᵢᵘᶜ) inhibition constants of HOPNO derivatives on TYRs. 

 
HOPNO-Derivatives AbTYR SaTYR HsTYR 

HOPNO Ki
c = 1.8 μM [113] Ki

c = 7.7 μM [121] Ki
c = 128 μM [158] 

HOPNO-Au-4-OH (I) Ki
c = 1.27 μM 

Ki
uc = 1.62 μM [163] Ki

c = 0.13 μM [167] Ki
c = 0.35 μM [158] 

HOPNO-Au-2-OH (II) Ki
c = 0.34 μM 

Ki
uc = 0.90 μM [167] Ki

c = 0.15 μM [167] Ki
c = 1.02 μM [158] 

HOPNO-Au-2,4-diOH (III) Ki
c = 2.9 μM 

Ki
uc = 2.5 μM [167] Ki

c = 0.16 μM [167] Ki
c = 1.23 μM [158] 

HOPNO-aa (S) Ki
c = 12.5 μM [168] Ki

c = 39 μM [168] Ki
c = 8 μM [168] 

HOPNO-aa (R) Ki
c = 12.8 μM [168] Ki

c = 16 μM [168] Ki
c = 76 μM [168] 

HOPNO-embedded aurones I-III showed strong inhibition of purified TYRs, with the greatest potency 
against HsTYR (Ki

c = 0.35 µM for I vs. 1.23 µM for III) and weaker effects on AbTYR, highlighting clear inter-
species differences. In MNT-1 melanoma cell lysates, the same trend was observed (I > II ~ III >> HOPNO), yet 
in whole cells, their capacity to suppress melanogenesis was modest, likely due to limited cellular uptake or 
bioavailability [163]. These findings emphasize the potential of HOPNO-embedded scaffolds as selective TYR 
inhibitors while also underlining the need to optimize cellular delivery and stability to fully exploit their therapeutic 
and cosmetic potential (Table 3). 

Another strategy embeds the HOPNO motif within an amino acid framework (HOPNO-aa). Two 
enantiomeric forms, HOPNO-aa (R) and (S), have been compared across three TYR sources [168]. Interestingly, 
AbTYR showed no enantioselectivity (Ki

c = 12.5 and 12.8 µM for (R) and (S), respectively). In contrast, bacterial 
SaTYR exhibited a slight preference for the (R) form, while human HsTYR displayed a marked enantioselectivity, 
with the (S) enantiomer showing much stronger affinity (Ki

c = 8 µM) compared to the (R) form (Ki
c = 76 µM). 

These findings further underscore species-specific differences and suggest enantioselectivity as a basis for the 
rational design of selective TYR inhibitors. 
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Translation of enzymatic inhibition on purified enzymes into biologically efficacy requires evaluation in 
intact cells to assess both permeability and cytotoxicity. In MNT-1 cells, HOPNO-embedded aurones I-III 
confirmed the trend observed with purified HsTYR (I > II ~ III >> HOPNO) but remained weak inhibitors of 
melanogenesis in intact cells (Table 4). Together, these findings highlight both the potential of HOPNO-based 
scaffolds as selective TYR inhibitors and the challenges in translating their strong enzymatic inhibition into 
efficient cellular outcomes. This discrepancy underscores the importance of considering additional factors such as 
cell permeability when designing TYR inhibitors with therapeutic or cosmetic applications. 

Table 4. Kic and IC50 values of HOPNO-embedded for TYR inhibition in human MNT1 melanoma cells. 

HOPNO-Derivatives Purified HsTYR MNT1 Lysate Whole MNT1 Cells Cytotoxicity Ref. 
HOPNO Ki

c = 128 μM IC50 = 1300 μM IC50 = 150 μM > 200 μM [158] 
HOPNO-Au-4-OH (I) Ki

c = 0.35 μM IC50 = 16.6 μM IC50 = 85.3 μM > 500 μM [158] 
HOPNO-Au-2-OH (II) Ki

c = 1.02 μM IC50 = 30 μM IC50 = 120 μM 80 μM [158] 
HOPNO-Au-2,4-diOH (III) Ki

c = 1.2 μM IC50 = 34 μM IC50 = 19 μM > 500 μM [158] 
HOPNO-aa (S) Ki

c = 8 μM IC50 = 76.6 μM IC50 >> 400 μM  [168] 
HOPNO-aa (R) Ki

c = 76 μM IC50 = 277 μM IC50 >> 400 μM  [168] 

In summary, studies on TSA-based inhibitors highlight two important considerations. First, the choice of the 
enzymatic model is critical, as inhibitory properties can vary widely across fungal, bacterial, and human TYRs, 
underscoring the need to rely on the appropriate system for biomedical applications. Second, the development of 
HOPNO-aa derivatives represents a promising strategy to address the challenge of inter-metalloprotein selectivity, 
or TYR/TYRP1-2 selectivity particularly when envisioned as building blocks for peptides or pseudopeptides. 

6. Conclusions 

Over more than a century of research, tyrosinase (TYR) has emerged as a paradigmatic enzyme for studying 
of the structure-function relationships in bioinorganic chemistry. Its highly conserved dinuclear copper center 
provides the foundation for monophenolase and catecholase activities, while subtle variations in the surrounding 
protein matrix account for the diversity of activity and specificity observed across species. Structural and 
mechanistic studies, particularly those involving transition-state analogs (TSAs), have not only clarified key steps 
of the catalytic cycle and also inspired the design of inhibitors with biomedical and cosmetic relevance. Yet, 
inhibition strategies relying solely on active-site chelation continue to face the challenge of achieving selectivity 
over other metalloproteins. 

Recent advances open new avenues: interactions between TYR and its cysteine-rich domain appear essential 
for folding and enzymatic activity, as highlighted by mutagenesis studies where substitution of only two residues 
within this region abolished activity [58]. Targeting such auxiliary domains, in synergy with active-site inhibition, 
may therefore represent an innovative strategy for the development of next-generation TYR inhibitors. Looking 
forward, biodiversity screening will remain a valuable source of novel scaffolds, but the availability of human 
TYR models, together with molecular docking and other computational tools, now also enables virtual screening 
[169–173]. This complementary strategy promises to accelerate the discovery of selective and potent TYR 
modulators. 

Structural Representations 

Protein structure images in Table 1, Figures 3–5 and Figures 12–17 were generated using PyMOL 
(Schrödinger, LLC, version 3.1.6.1, New York, NY, USA) based on coordinates obtained from the Protein Data 
Bank (PDB). 
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